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Survey of gastrointestinal parasites in tortoises in the UK 

 

Gastrointestinal parasites are commonly diagnosed on routine faecal screens of 

terrestrial pet chelonians. There are many types of gastrointestinal parasites, but 

broadly they may be divided into helminths and protozoa. Helminths may be further 

subdivided into trematodes, cestodes and nematodes. Trematodes and cestodes appear 

to be rarely reported, probably due to the fact that most tortoises’ husbandry in the 

UK ensures that they are unlikely to come into contact with the intermediate hosts 

which these parasites require in order to complete their life cycle. Nematodes, in 

contrast, are commonly reported with oxyurids, ascarids, hookworms and strongyles 

all appearing in the literature, although their significance is uncertain.  

 

Gastrointestinal nematodes in tortoises 

 

Most of the gastrointestinal nematodes reported in tortoises (with the exception of 

Atractidae) share the same direct life cycle (see Figure 1). Understanding of this is 

important in order to make decisions on the most appropriate methods of diagnosis 

and control. 

 

Figure 1: Basic outline of a direct nematode life cycle 
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Eggs are passed in the faeces and these may either hatch in the environment or after 

ingestion by the host. Temperature and humidity are important factors in determining 

time of hatching with temperatures in the range of 18-26°C and 100% humidity being 

optimal for many nematodes. At lower temperatures, this process will slow and below 

10°C cease altogether. Once hatching has occurred larvae develop, with the first two 

larval stages being dependent on bacteria as a food source. Either free living L3 or 

embryonated eggs (depending on nematode species) are then ingested by the host, and 

further larval development to mature egg-producing adults occurs within the host 

gastrointestinal system [Urquhart 1996, Frank 1981]. 

 

The prepatent period has not been established for many of these nematode species and 

may be complicated in tortoises by the effect of hibernation on the nematode life 

cycle. Oxyurids have been found to pass through the hibernation period, probably at 

an arrested larval stage, and a rise in oxyurid eggs excreted in faeces has been 

reported after hibernation especially in young animals [Capelli 1998]. 

 

In mammals, hypobiosis (arrested larval development) is a known feature of the life 

cycle in many nematodes. Depending on climate and geographical location this may 

occur in winter or during particularly dry periods. A periparturient rise in eggs is also 

common, usually in the spring time and is thought to occur due to the effect of 

elevated prolactin levels on temporarily reducing host immunity. This may also be 

augmented by the maturation of hypobiotic larvae [Urqhart 1996]. However, considering 

the reproductive differences in reptiles the periparturient rise is unlikely to be 

relevant, although hypobiosis does appear to occur [Capelli 1998]. 

 

 

Oxyurids (pinworms) 

There are a wide variety of oxyurids reported in tortoises including Oxyuris, 

Tachygonetria, Alaeuris, Ortleppnema, Hemdiella and Thaparia spp. [Wilkinson 2004]. In 

addition, the development of diagnostic techniques in recent years, especially electron 

microscopy, has resulted in the discovery of new species and reclassification of 

previously defined species [Bouamer 2001, 2006]. From a clinical viewpoint however, there 
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is no evidence that individual species differences are significant in terms of their 

pathogenicity or any beneficial effects so they will not be discussed further. 

Adult worms are small-medium sized nematodes measuring 1.5-7mm in length [Mitchell 

2007], with a whitish appearance [Martinez-Silvestre 2011]. They are located in the large 

intestine, where they feed on intestinal contents. Their life cycle is direct, as 

previously described, and infection of the host usually follows ingestion of an 

embryonated egg [Mitchell 2007]. 

Ova are variable in morphology with different stages of embryonation often seen (see 

Figures 2-4). In general, however, they measure ~ 130µm x 40µm and may appear 

either oval or asymmetrical (D-shaped). The surrounding shell may also be variable in 

diameter, but lacks the scalloped surface and very thick walls typical of ascarids. 

Opercula may be present at one or both ends [Thapar 1925]. 

Eggs hatch in the small intestine, where larvae develop and then migrate to the large 

intestine where adults may be found. The complete life cycle is thought to take 

approximately 40 days based on observations in other reptiles [Frank 1981]. Visceral 

larval migration is not reported. Oxyurids are generally considered to be commensals 

within the chelonian intestinal tract and have been suggested to have a beneficial 

effect in churning up faecal matter and so prevent constipation [Telford 1971]. However, 

high numbers of oxyurids have also been associated with anorexia [Martinez-Silvestre 2011] 

and even deaths post-hibernation, possibly due to their effect on depriving their host 

of nutrition [Frank 1981]. 

 

Ascarids (roundworms) 

 

Angusticaecum holopterum is the most common ascarid reported in tortoises [Holt 1979]. 

Adult worms may be large, measuring up to 10cm in length [Frank 1981] ,and often have a 

pale appearance [Schneller 2008].They may be found attached to intestinal mucosa and feed 

on mucosal fluid, products of host digestion and cellular debris. Exact details of the 

life cycle are unknown but it appears to be direct, and infection of the host follows 

ingestion of an egg. Ova are typically round, thick-shelled and measure 80-100µm x 

60-80µm (see Figure 5) [Jacobson 2007]. However, one important difference is that in 
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some nematode species, larvae may migrate through the viscera [Sprent 1980] resulting in 

pathology. In one report an adult nematode (Angusticaecum spp.) was removed from 

an aural swelling in a Testudo graeca [Cutler 2004]. 

 

Generally, however, they are unlikely to cause disease in low numbers, although 

gastrointestinal obstruction by adult nematodes has been reported [Keymer 1978]. Other 

pathological effects including intussusception, gastrointestinal ulceration, coelomitis, 

thromboembolism and avascular necrosis have also been associated with ascaridiasis 

[Frye 1991]. 

 

Ascarids from other species such as Toxocara canis have been experimentally 

inoculated into Testudo graeca, but do not reproduce or appear to have any 

pathogenic effects in tortoises at normal environmental temperatures. Interestingly, 

when exposed to a constant environmental temperature of 37-38ºC, tortoises’ natural 

resistance to Toxocara was eliminated [Merdivenci 1965], but this is unlikely to be relevant 

for tortoises in the UK. 

 

Atractids 

Atractis dactyluris, a viviparous nematode, has been incidentally detected at low 

numbers in tortoises [Holt 1979]. Adult worms measure 4-6mm in length and are 

characterised by six distinct lips around the buccal opening. Unlike other more 

common tortoise nematodes, ova hatch in utero, releasing third stage larvae which are 

passed in faeces. Their lifecycle is direct with animals being infected through 

ingestion of larvae, but internal re-infection is also possible, leading to the potential 

rapid multiplication of parasite numbers [Thapar 1925].  

Proatractris is a similar nematode, but has also been reported in Geochelone 

carbonaria and G. pardalis, to cause significant morbidity and mortality. Pathology 

included increased submucosal lymphoplasmacytic infiltration in the lamina propria 

of affected caecum and colon and in some cases extensive necrosis of the colonic 

mucosa. Treatment with piperazine and fenbendazole was unsuccessful although 

dosages were low [Rideout 1987]. 
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Other gastrointestinal nematodes in tortoises 

 

Strongylids (hookworms) have been described in tortoises. Examples include 

Chapiniella in Gopherus polyphemus [Lichtenfels 1981] and Camallanus in Testudo 

hermanni, T. graeca and T. horsfieldii [Rataj 2011], but detailed descriptions of life cycle 

or pathogenicity in these species are lacking. It is thought that adult worms may attach 

to intestinal mucosa resulting in intestinal damage and potential anaemia [Frye 1991]. Ova 

are thin-walled, bluntly-rounded at the ends, with the developing embryo filling most 

of the shell (see Appendix 1) [Greiner 2006]. 

   

Other helminths in tortoises 

 

Acanthocephalans (thorny-headed worms) 

 

Acanthocephalans (thorny / spiny headed worms) have been described in Terrapene 

carolina but are usually reported in aquatic or semi-aquatic chelonians [Jacobson 2007]. 

Adult worms are identified by the presence of a proboscis covered in rows of hooks, 

which are used to attach to the host intestinal wall. Their lifecycle is generally indirect 

with arthropod or crustacean intermediate hosts. Ova have a characteristic 3 layered 

appearance and contain larvae (see Appendix 1) [Frye 1991]. 

 

Trematodes  

 

Trematodes (flukes) are also usually reported in aquatic or semi-aquatic chelonians, 

although have been identified in Testudo graeca and T. marginata [Rataj 2011]. They are 

suggested to be relatively non-pathogenic in tortoises, although potentially migration 

of flukes could result in granulomatous inflammation and death has been reported in 

aquatic chelonians [Johnson 1998]. Their life cycle is indirect with an intermediate host 

required in order to replicate, so are rarely encountered in captivity. Ova are yellow or 

orange in colour, thin shelled and often operculated. Diagnosis generally requires 

specialised faecal sedimentation techniques [Wilkinson 2004]. 
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Cestodes  

 

Cestodes (tapeworms) are also usually reported in aquatic or semi-aquatic chelonians 

although have been identified in Testudo graeca [Rataj 2011]. They are suggested to be 

non-pathogenic and have an indirect life cycle, requiring an intermediate host in order 

to replicate. Proglottids filled with eggs are normally passed in the faeces and 

individual ova may be characterised by their variable number of refractile hooklets 

[Frye 1991]. 

 

Protozoa in tortoises  

 

The significance of protozoa in chelonian faecal samples appears even more 

uncertain, with some authors suggesting that all reptiles will harbour protozoa of 

some kind and that in a natural state these organisms are unlikely to be pathogenic 

[Keymer 1981]. In captivity however, there are various reports of disease in reptiles 

associated with high protozoal burdens [Scullion 2009] and a few examples will therefore 

be discussed. 

 

Amoebae 

 

Amoebae are a group of protozoa, distinguished by the presence of their pseudopodia. 

Their life cycle is direct with reproduction occurring asexually [Scullion 2009]. Infection 

occurs by ingestion of a cyst, which develops into a motile trophozoite within the 

intestinal tract. These multiply by binary fission, either invading the mucosa directly 

or forming cysts which are passed in faeces [Lane 1996]. Various species (including 

Hartmanella, Acanthamoeba, Entamoeba, and Endolimax) may be present within the 

chelonian gastro-intestinal tract but are typically considered non-pathogenic [Wilkinson 

2004].  

 

The main exception is Entamoeba invadens, an important gastro-intestinal pathogen 

of many reptile species. Originally it was believed that this parasite was a commensal 

in the intestinal tract of herbivorous reptiles, with initial reports of disease described 

only in carnivorous species of snakes and lizards. Herbivorous chelonians were 

thought to be just carriers of this disease and never clinically affected. It was 
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suggested that they were resistant due to the plant material in their diet which 

provided starch necessary for the amoeba to encyst, rather than invading the intestinal 

mucosa [Lane 1996]. Only giant tortoises were originally thought to be susceptible 

[Klingenberg 1993]. More recently however, a variety of reports have described fatal 

amoebiasis in a variety of omnivorous and herbivorous tortoises including G. 

carbonaria [Jacobson 1983], G. denticulata, G. sulcata, Gopherus polymerus [Hollamby 2000] 

,Acinixys planicauda [Ozaki 2000] and Geochelone pardalis [Philbey 2006]. Juvenile tortoises 

appeared more susceptible [Hollamby 2000], and both lack of food within the 

gastrointestinal tract [Jacobson 1983] and environmental temperature appear to play a role 

in parasite proliferation [Barrow 1960]. A variety of clinical signs were described, but 

mucoid dysentery appeared characteristic in most cases, with associated anorexia, 

wasting, dehydration and eventual death. On post-mortem, many animals were found 

to have ulceration throughout their intestinal tract, especially within the duodenum 

and colon. Other pathological changes include abscessation and areas of necrosis 

within many visceral organs, hepatitis, nephritis, and myonecrosis. Disease appeared 

to spread rapidly due to the parasite’s direct life cycle and is difficult to eradicate fully 

due to the resistance of both the amoeba and cysts which can survive in the 

environment for over 14 days at 8ºC [McConnahie 1955]. 

 

Diagnosis of amoebiasis is possible by identification of amoeba, trophozoites (9-38.6 

µm) or quadrinucleated cysts (9-24 µm) in a fresh faecal smear (see Appendix 1). It 

may be difficult however, to differentiate these cysts from those of other non-

pathogenic amoeba, with both false-positive and false-negative results common [Keymer 

1981]. Multiple cloacal flushes and even in vitro culture are therefore recommended if 

disease is suspected [Cranfield 1999]. 

 

Flagellates 

 

Intestinal flagellates are generally thought to be non-pathogenic in chelonians, 

although it has been suggested that they are more commonly found in the faeces of 

sick chelonians [Wilkinson 2004]. Some authors in contrast, suggest that excessive numbers 

of flagellates may actually be a cause of anorexia and diarrhoea [Bone 1992]. The typical 

flagellate life cycle is direct with reproduction occurring asexually by binary fission. 
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Various species may be present within the chelonian gastro-intestinal tract, but 

trichomonads appear the most common in the literature [Schneller 2008]. 

 

It is important however, to differentiate these “commensal” intestinal flagellates from 

the pathogenic flagellate Hexamita parva, which can result in fatal renal disease. 

Disease has been described in a wide variety of tortoises including Testudo horsfieldii 

and T. marginata [Zwart 1975], but appears to be uncommon in the UK [Wilkinson 2004]. 

Infection probably occurs by ingestion of an infective cyst, which passes through the 

gastrointestinal tract and via the cloaca up the ureters to the kidneys where the 

parasite encysts. Transmission is thought to be via the urine. Clinical signs of disease 

include anorexia, weight loss and polydipsia. Disease may be suspected by detection 

of the protozoa with its characteristic six flagella within a fresh urine sample (or urine 

mixed with faecal sample), but this may be difficult to differentiate from 

trichomonads and as with other flagellates, will rapidly desiccate and die in small 

samples. Definitive diagnosis requires detection of the parasite on renal biopsy. 

Characteristic post-mortem findings include nephritis and in some cases enteritis and 

infection of the bile ducts [Zwart 1975]. 

 

Coccidia (excluding Cryptosporidium) 

 

Coccidia are small protozoal parasites, characterized by the intracellular nature of 

their life cycle. An infective oocyst is ingested and within the gastro-intestinal tract 

sporozoites are released. These invade epithelial cells, developing into trophozoites, 

before undergoing schizogony (asexual reproduction) and then gametogony (sexual 

reproduction), resulting in the production of oocysts containing 4 more infective 

sporozoites [Barnard 1994, Scullion 2009]. 

 

In chelonians, over 30 species of coccidia have been isolated including Eimeria and 

Caryospora spp. [McAllister 1989]. Types of oocysts are generally differentiated by the 

number of sporocysts contained within an oocyst [Barnard 1994]. 

 

Infections are generally asymptomatic but may contribute to debility in sick animals. 

Outbreaks of enteritis have been reported due to Caryospora cheloniae in both captive 

and free-living Chelonia mydas [Leibovitz 1978, Gordon 1993]. Various cases of intranuclear 
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coccidiosis have also been described in a variety of tortoises including Geochelone 

radiata, G. pardalis, Indotestudo forstenii, Chersina angulata and Manouria impressa 

[Jacobson 1994, Garner 2006, Innis 2007, Schmidt 2008]. 

Clinical signs of intranuclear coccidiosis appeared variable but included anorexia, 

lethargy, wasting and ocular/nasal discharges. Diagnosis was made post-mortem on 

histopathology of multiple tissues, although the exact type of coccidia and route of 

infection was uncertain [Garner 2006]. No oocysts were detected within faecal samples of 

affected tortoises, so it is unlikely that this is a parasite likely to be seen on faecal 

screens [Innis 2007]. 

 

Ciliates 

 

Balantidium and Nyctotherus are commonly found ciliates, which have both been 

suggested to be commensals of the gastrointestinal tract in tortoises helping digest 

cellulose [Frye 1991]. An increased number may be detected at times of gastrointestinal 

disturbance and have been suggested to cause colitis [Bone 1992] but as with many 

protozoa, it is unclear if they were the inciting factor or increased in number as a 

consequence of intestinal disease. Balantidium has also been described in the liver of 

heavily infected tortoises, associated with abscesses [Schneller 2008]. 

 

Both protozoa share a similar direct life cycle. They reproduce by sexual reproduction 

with conjugation of two ciliates and exchange of micronuclei. The “new” ciliates then 

divide by binary fission [Lindsay 2007]. The exact details of reptile ciliate life cycles are 

unknown, but transmission is suggested to be via an infective cyst. This is ingested, 

excysts in the small intestine and produces trophozoites. These colonise the large 

intestine where they replicate and also form new infective cysts [Bosschere 2012].  The 

Balantidium trophozoite may be identified by its ciliate appearance and oval shape 

and measures 60 x 40-45µm. Cysts are round and measure ~ 55µm. Nyctotherus 

trophozoites are larger measuring 50-260 x 30-90µm. Cysts are ovoid, operculated 

and a similar size to the trophozoites (see Appendix 1) [Barnard 1994]. 
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Detecting parasite infections in practice 

 

Clinical signs of parasite infection may vary from none to anorexia, diarrhoea, 

intestinal obstruction, weight loss, tenesmus, prolapses and even anaemia and death in 

exceptionally severe burdens [Wilkinson 2004]. 

 

Diagnosis of an endoparasite burden is usually fairly straightforward, by examination 

of a fresh faecal sample to detect ova, larvae, or protozoa. Fresh samples are best as 

protozoa may be inactive in older samples and eggs may have hatched, resulting in 

larvae which are difficult to identify. Alternatively faeces may be stored in a fridge to 

prevent eggs hatching [McArthur 2004]. 

 

Various different techniques have been described, but the most common is a direct 

smear. This usually involves mixing a small amount of faeces with a similar volume 

of warmed saline and applying a coverslip. This technique is particularly useful for 

identifying motile protozoa, which could otherwise be difficult to spot. It will also 

detect moderate to heavy nematode burdens. 

 

For less severe nematode burdens, or to quantify egg counts, flotation methods may 

be used to concentrate ova. The principle is that eggs should be less dense than the 

flotation media so should float to the top (with the exception of trematode eggs which 

are heavier). A variety of flotation solutions may be used with the most common 

being saturated sugar solutions, saturated salt solutions and zinc sulphate. 

 

Alternatively faecal centrifugation or sedimentation methods may be performed and 

may be useful for the detection of trematode ova [Wilkinson 2004]. Various stains are also 

available to aid in parasite identification [Klingenberg 2000]. None of these methods 

however, were used in this study so will not be discussed here further. 

It is also important to note that, although ova may be detected by the above methods, 

definitive species typing usually requires examination of an adult worm, which is 

often difficult to obtain ante-mortem [Urqhart 1996]. 
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Treatment of parasite infections in tortoises 

 

Nematode treatment 

 

Even if treatment is deemed necessary, there is scarce literature on the efficacy of 

available treatments on gastrointestinal parasites in chelonians. The only general 

consensus is to avoid the use of ivermectin in the treatment of chelonians, as it has 

been found to be toxic in some chelonian species, resulting in paresis, flaccid 

paralysis, hepatic lipidosis and death. This is likely to to be due to its action on GABA 

receptors and has been suggested to be due to either increased permeability of the 

blood-brain barrier in chelonians allowing it to reach the CNS, or to a higher 

dependence on peripheral GABA neurons [Teare 1983]. 

 

In contrast, milbemycin at 0.5-1mg/kg administered either as an oral suspension or by 

subcutaneous injection on day 1 and 8 did not appear to cause any deleterious 

reactions in one study involving Trachemys scripta elegans and Terrapene carolina 

[Bodri 1993]. This is surprising as milbemycin is believed to work in a similar way to 

ivermectin by binding GABA receptors and glutamate-gated chloride channels. 

However, data on efficacy is limited, and generally it is recommended that 

avermectins and milbemycin are avoided in chelonians [Jepson 2005]. Piperazine citrate 

treatments should also be avoided due to concerns of toxicity due to the citrate ions 

precipitating hypocalcaemia [Soifer 1978]. 

 

Levamisole is available as an oral medication on the Small Animal Exemption 

Scheme (Beaphar reptile wormer®) in the UK and is marketed as a “routine wormer 

to keep reptiles free from whipworm, hookworm and other roundworms”.  The only 

recommended doses in the literature are anecdotal doses which generally range from 

10mg/kg for intracoelomic or intramuscular injection [Jacobson 1983, Girling 2004] to 50-

300mg/kg per os [Wilkinson 2004]. Generally the lower end of the dose range is 

recommended for chelonians. Levamisole works by interfering with nematode 

carbohydrate metabolism by blocking fumarate reductase and succinate oxidase 

activity. As a result, worms are paralysed and often expelled alive. Potential side 

effects in the host, range from gastrointestinal signs to nicotine-like effects e.g. 

salivation, muscle tremors, excitability and even death especially when administered 
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parenterally [Rees Davies 2004]. No studies have been published regarding safe or effective 

doses in tortoises and efficacy has been suggested to be unsatisfactory against tortoise 

ascarids and oxyurids [Wilkinson 2004]. 

 

The benzimidazoles are generally considered to be the group of drugs with the widest 

margin of safety and have been used to successfully treat a wide range of nematode 

infections in reptiles. They work by binding nematode ß-tubulin, preventing the 

formation of microtubules and are effective against adult, immature, arrested larval 

and egg stages [Heggem 2008].  

 

In the UK fenbendazole is the most commonly used treatment. Studies however have 

not been carried out to determine the most effective dose for treatment of parasites. 

This is reflected by the wide variation in suggested treatment regimes including: 50-

100mg/kg given orally as a one-off treatment, repeat dosing 2-4 weeks later [Holt 1982] 

or divided over 3 days [Girling 2004]. Intracolonic use has even been described [Innis 2008]. 

Initially, fenbendazole was considered to have no significant side effects, but after an 

overdose caused death in Fea’s vipers [Alvarado 2001], it has since been demonstrated that 

two courses of 50mg/kg fenbendazole, given daily for 5 days per course can cause 

profound leukopenia in Testudo hermanni [Neiffer 2005]. Repeated treatments given 2-3 

weeks apart may be safer, but could be unnecessary as it can take up to 31 days for 

one dose of fenbendazole to have full effect at reducing egg counts. Recent work also 

indicates that oxfendazole appears to be faster acting in reducing egg counts than 

fenbendazole [Giannetto 2007]. In mammals fenbendazole is metabolised to oxfendazole 

but it is unknown if this conversion occurs in chelonians [Short 1987]. Oxfendazole has 

been suggested to have a wider safety margin than fenbendazole, but there is little 

evidence to support this theory. Suggested doses are 65mg/kg per os [Highfield 1996]. 

 

Alternative benzimidazole treatments have been advocated with varying success 

including mebendazole at 25mg/kg per os and thiabendazole at 55mg/kg per os [Soifer 

1978], but doses are anecdotal, treatments are not readily available in practice and 

studies have not been carried out to assess their efficacy. 

 

In recent years, some of the newer endoparasiticide spot-on formulations such as 

emodepside and praziquantel spot-on (Profender®) have also been trialled in 
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tortoises. Emodepside is one of a new class of anthelmintics, which acts against 

nematodes by stimulation of pre-synaptic receptors [Schilliger 2008]. Praziquantel works 

by inducing calcium ions to influx across the parasite tegument resulting in muscular 

spasm, changes in the metabolism and properties of surface membranes and also 

decreases enzyme activities in the parasite [Harnett 1988]. The spot-on combination was 

administered to Testudo horsfieldii weighing <100g at 21.5mg/kg and 85.5mg/kg 

respectively and appeared to effectively reduce egg counts to 14% of the initial egg 

count. Response was slow and a higher dose was suggested in juvenile tortoises. In 

tortoises weighing >100g, in contrast treatment was ineffective. This was postulated 

to be due to the reduced skin surface to body mass ratio and increased thickness of 

skin [Brames 2010]. 

 

Imidacloprid and moxidectin spot-on (Advocate®) has also been trialled in various 

reptiles including Graptemys versa at 2 – 10 times the recommended dosage for dogs. 

Treatment also appeared effective with no reported side effects [Melhorn 2005], but in 

view of the previous reports on avermectin toxicity and the alternative treatments 

available, caution is to be advised if considering using this in other chelonian species. 

 

Trematode and cestode treatment 

 

Reports of treatment for trematodes and cestodes in tortoises are equally limited, but 

various praziquantel doses have been suggested ranging from 5-30mg/kg given either 

per os or by intramuscular injection [Wilkinson 2004].  

A study in Chelonia mydas demonstrated the effect of 50mg/kg praziquantel, given 

per os three times over a 24 hour period against cardiovascular flukes [Adnyana 1997]. 

These doses however were probably excessive, with a later pharmacokinetic study 

demonstrating that 25mg/kg given per os three times, three hours apart was likely to 

be effective against flukes in the same species [Jacobson 2002]. Unfortunately most of the 

suggested treatment regimes would require hospitalisation which is not ideal for 

administering sequential oral treatments to a tortoise. Injectable praziquantel is no 

longer available commercially in the UK. In future however, the advent of more 

combined spot-on endoparasiticide treatments, such as emodepside-praziquantel 

(Profender ®) may provide a more practical route for treating these infections, but 

further research is necessary in this area [Brames 2010]. 
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Alternative drugs may also be effective against trematodes or cestodes in some cases, 

including various benzimidazoles or niclosamide. There is little evidence however, 

that these are useful in tortoises.   

 

Protozoa treatment 

 

Treatment of protozoa is usually unnecessary, but may be considered if burdens are 

considered excessive, or clinical signs are associated with infection.  

 

Metronidazole is the most commonly reported treatment and has been used in snakes 

and lizards at a variety of dosages including: 20mg/kg every 48 hours for > 2 weeks 

[Kolmstetter 1997], or 100mg/kg per os given as a single dose repeated 2 weeks later [Jacobson 

1999]. The only study in chelonians used a dose of 20mg/kg administered via 

intracoelomic injection and several deaths were reported, but it was unclear whether 

this was related to adverse effects of metronidazole or coincidental [Innis 2007]. A 

disadvantage of metronidazole would be that although effective against amoebic 

trophozoites, it is not completely effective against amoebic cysts, so may need to be 

combined with an alternative drug in order to totally clear infection.Iodoquinol has 

been used both alone and in combination with metronidazole and has resulted in 

cessation of cyst shedding in the majority of cases at 50mg/kg once daily per os for 21 

days [McArthur 2004]. 

 

Alternative anti-protozoal drugs used in chelonians include chloroquine (effective 

against amoebic trophozoites but not cysts) used at 50mg/kg weekly by intramuscular 

injection for 3 doses [McArthur 2004], paromomycin (effective against amoebic cysts) but 

with no reported doses in chelonians, or dimetridazole at 40mg/kg once daily per os 

for 5-8 days [Holt 1981].  

 

Coccidial infections will, however, require alternative anti-protozoals, usually sulfa 

drugs such as trimethoprim sulfadiazine, which has been recommended at 15-

30mg/kg once daily by intramuscular injection for 7 days [Lane 1996], or 25mg/kg once 

daily per os for 7 days [Girling 2004]. Anecdotally, toltrazuril has also been used for 
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treatment of intranuclear coccidiosis, but dosages or efficacy are not published in 

chelonian species [Wilkinson 2004]. 

 

General parasite treatment 

 

In addition, to specific anthelmintics for the individual tortoise, it is also important to 

consider other in-contact tortoises and the environment. If treatment is considered 

necessary for one individual, treatment should usually be initiated for all in-contacts 

to prevent immediate re-infection. Access to any intermediate hosts should also be 

prevented if the parasite has an indirect life cycle [McArthur 2004]. Good environmental 

hygiene is also advised; for an indoor enclosure this may involve a complete change 

of substrate and disinfection of enclosure and furniture. It should be noted, however, 

that most disinfectants have not been proven to have a direct effect on parasites, so the 

procedure of thorough cleaning and removal of faeces may be more important than 

the disinfectant chosen [Aycicek 2001].  

 

Supportive treatment may also be necessary for the debilitated individual and any 

obvious problems in husbandry or diet should be corrected [Schneller 2008]. Repeat faecal 

samples after treatment to assess efficacy may be advised, although optimum timing 

has not been determined.  
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Cryptosporidium in tortoises 

 

Cryptosporidium is a small protozoal parasite, frequently encountered in a wide 

variety of wild and captive reptiles worldwide [Upton 1989]. Initially reported in snakes, it 

was found to cause hypertrophic gastritis, regurgitation, weight loss and death 

[Brownstein 1977], although enteritis without gastritis has also been described [Brower 2001]. In 

lizards, enteritis is the most common form, with associated anorexia, diarrhoea, 

weight loss and eventual death [Terrell 2003], although gastritis may also occur [Dillehay 1986, 

Oros 1998]. Less common presentations include aural polyps [Fitzgerald 1998], cloacal prolapse 

and cystitis [Kik 2011]. Alternatively an asymptomatic carrier state appears to be 

common [Deming 2008].  

 

In chelonian species however, reports are scarce and little is known about the 

incidence or pathogenic effect of this parasite. Cryptosporidium was initially reported 

in Geochelone elegans with regurgitation [Heuschele 1986] and then a Geochelone 

carbonaria with progressive weight loss [Funk 1988], but was not confirmed to be the 

cause of clinical signs in either case. Infection has also been reported in Clemmys 

muhlenbergi [Graczyk 1996], Chelonia mydas [Graczyk 1997], Geochelone radiata, G. elegans, 

Indotestudo spp. and Gopherus polyphemus but again no association with clinical 

disease was confirmed [Raphael 1997]. More recent molecular studies have examined 

isolates from Testudo graeca, T.  hermanni and T. marginata, some of which did 

show intestinal symptoms, such as diarrhoea, consistent with cryptosporidiosis [Traversa 

2008]. 

 

Infection associated with clinical disease was first confirmed in an Egyptian tortoise 

(Testudo kleinmanni), presenting with clinical signs of enteritis, which died despite 

treatment. On post-mortem examination, histology confirmed heavy infection with 

Cryptosporidium affecting at least 80% of epithelial cells and although not thought to 

be the main cause of death, infection was considered to have been a contributory 

factor [Graczyk 1998]. Intestinal cryptosporidiosis has since been identified on post-

mortem examination of a Russian tortoise (Testudo horsfieldii) and a Pancake tortoise 

(Malacochersus tornieri) and gastric cryptosporidiosis in another Testudo horsfieldii. 

The main presenting signs in each case were lethargy and anorexia, with no associated 

regurgitation or diarrhoea [Griffin 2010]. An outbreak of suspected gastric 
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cryptosporidiosis has also been described in a group of Testudo hermanni. Disease 

produced lethargy, anorexia, regurgitation of haemorrhagic fluid and mucus and 

resulted in death in 12% of individuals despite treatment [McArthur 2004]. 

 

Despite the fact that cryptosporidiosis is commonly described, there is little 

information about the exact species of Cryptosporidium which are found in reptiles. 

One reason for this is that Cryptosporidium oocysts often appear morphologically 

similar and until recently there have been few molecular studies to characterise 

isolates [Fall 2003]. Currently there are 19 distinct species of Cryptosporidium known to 

affect reptiles, amphibians, birds and mammals. C. serpentis and C. varanii (syn. C. 

saurophilum) appear to be the main species involved in infection in pet reptiles [Fayer 

2010]. However, C. parvum and C. muris have also been identified in faecal samples 

[Pedraza-Diaz 2009] and have been suggested to originate from mammalian prey and pass 

through the reptile gastrointestinal system, but not actually to be pathogenic [Graczyk 

1996]. Other genotypes have been reported in a variety of reptiles but are not currently 

recognised as species, although a new species of Cryptosporidium infecting tortoises 

(C. ducismarci) has been proposed [Traversa 2010]. 

 

Currently, reptilian strains have not been proven to cause zoonotic disease, but 

mammalian strains can be disseminated by tortoises, potentially causing significant 

problems in immuno-compromised humans, so appropriate precautions should always 

be taken [Traversa 2008]. 

 

Little is known about the life cycle of Cryptosporidium, but it is presumed to be a 

direct life cycle similar to that of other coccidian parasites. Two types of oocysts may 

be formed – the majority being thick walled in order to be passed in faeces and 

survive in the environment, but some being thin walled and immediately capable of 

re-infecting the host [Barnard 1994, Scullion 2009]. 

 

Pathological effects in the intestine occur due to hyperplasia of enterocytes and 

thickening of villi, leading to a loss of absorptive surface area and consequently 

diarrhoea, weight loss, dehydration and death [Terrell 2003]. In the stomach, pathological 

effects include hypertrophy of gastric mucosa and atrophy of granular cells. This may 

be accompanied by oedema and inflammation of the lamina propria and submucosa. 
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Consequently, regurgitation and anorexia occur leading to weight loss and death 

[Brownstein 1977]. Alternatively, the parasite may cause no significant disease [Deming 2008]. 

Severity of disease may depend on the immunocompetence of the host, or other 

concurrent disease, but the exact factors which play a role in triggering clinical 

disease are currently unknown. 

 

Transmission is via the faeco-oral route, although oocysts are remarkably resilient 

within the environment and also spread via fomites and water [Graczyk 1997].  

 

Diagnosis is challenging due to variable shedding of the oocysts in faeces. Repeat 

testing is therefore usually recommended to screen for the parasite [Deming 2008]. 

Alternatively samples may be obtained (depending on the species) from the mucus of 

regurgitated food items, by gastric lavage, or cloacal washes [Graczyk 1996]. Samples may 

be examined by a flotation method, or a direct smear. Sensitivity is increased with a 

modified acid-fast stain (Cryptosporidium oocysts measure 4-8µm and appear red on 

a green background) (see Figure 6). It should be noted however, that the sensitivity of 

these stains for the emerging strains of Cryptosporidium has not been established. A 

more sensitive test would be a direct immunofluorescence antibody test (e.g. 

Merifluor) which has been shown to be 16 times more sensitive in detecting the 

parasite than modified acid-fast stain alone. Modified acid fast stains combined with 

immunofluorescent antibody testing are thought to be the best non-invasive way of 

screening for Cryptosporidium [Graczyk 1995].  

 

Commercial enzyme immunoassays are also available, but are less sensitive to non-

Cryptosporidium parvum strains than immunofluorescent antibody tests [Graczyk 1996]. 

Serology has been advocated as an additional screening aid to ensure that 

Cryptosporidium infection is not incidental, but is not commercially available and it 

should always be used in combination with other tests as it will not identify early 

infection [Graczyk 1997]. 

 

Definitive diagnosis of cryptosporidiosis requires histopathology to confirm the 

presence of the parasite within a vacuole at the border of epithelial cells. Associated 

histopathological findings reported in chelonians have included either gastritis or 

enteritis with infiltration of the lamina propria with heterophils, lymphocytes and 
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macrophages [Jacobson 2007]. Biopsies may be obtained surgically or endoscopically, but 

the parasite can have a patchy distribution within the stomach, so false-negative 

results are not uncommon. Therefore, definitive diagnosis is often made post-mortem 

[Cranfield 1996]. 

 

Histopathology would rule out non-pathogenic mammalian strains of the parasite 

which may have been ingested incidentally. Alternatively PCR techniques may be 

used to characterise the exact species of Cryptosporidium, and are beginning to be 

more readily available for use in practice [Xiao 2004]. 

 

Treatment of cryptosporidiosis is another challenge with no completely successful 

treatment regime reported. Trimethoprim sulpha treatment has been reported to 

reduce oocyst shedding, but results are inconsistent [Funk 1988]. Halofuginone treatment 

in snakes appeared effective in stopping oocyst shedding, but caused severe 

hepatotoxicity and nephrotoxicity and did not result in complete resolution of 

cryptosporidiosis. Spiramycin resulted in no significant change in the pattern of 

shedding or histological presence of cryptosporidiosis in treated animals [Graczyk 1996]. 

Paromomycin treatment in Gila monsters reduced clinical signs and led to a cessation 

of oocyst shedding but results appear inconsistent [Pare 1997].Bovine hyperimmune 

colostrum has shown more promise with small studies in snakes and monitors 

showing a significant reduction in oocyst shedding, in addition to histopathological 

resolution of disease after a course of treatment [Graczyk 1998, 2000]. In geckos however, in 

which intestinal cryptosporidiosis is more common, colostrum treatment appeared less 

efficacious, possibly due to changes to the structure of colostrum immunoglobulins 

after passing through the stomach [Graczyk 1999]. 

Supportive treatments including the use of an immunomodulator consisting of 

inactivated virus and equine serum protein have also been advocated, although 

mechanism of action and efficacy are not described [Schneller 2008]. In chelonian species 

colostrum treatment appears ineffective at clearing parasite infection and no other 

successful treatments have been reported [Graczyk 1999]. 

 

In view of the lack of successful treatment regimes, cryptosporidiosis within a 

collection is normally best controlled by good management and hygiene. Disinfection 

of the environment is important to limit the spread of disease, but oocysts can be 
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difficult to totally eradicate. Iodophores, creslyic acid, sodium hypochlorite, 

benzylkonium chloride and sodium hydrochlorite have all been trialled and found to 

be ineffective. Ammonia (5%) and formalin (10%) appear effective but with a contact 

time of 18 hours at 4°C and these may not be the most practical solutions [Campbell 1982]. 

Currently, moist heat (45-60°C for 5-9 minutes), freezing or desiccation appear to be 

the most effective ways to clear the environment [Cranfield 1996]. 

 

Euthanasia should always be considered if Cryptosporidium is causing clinical disease 

within an individual, or if being shed within a collection. Although diagnosis is 

difficult, repeated Cryptosporidium screens should always be included as part of 

quarantine procedures within a collection. Some authors have advocated the 

administration of dexamethasone in order to promote immuno-suppression and 

therefore faecal shedding, but this carries a risk of increasing shedding of other 

pathogens, and allowing the reptile to be colonised by novel pathogens so is not 

routinely recommended [Wright 1997]. Any animals found to be shedding, should be 

isolated in a separate room with separate feeding and cleaning utensils, treated at the 

end of the day, or potentially culled. Eradication once infection is established within a 

collection could be attempted by identification of infected reptiles and their removal, 

but due to the low sensitivity of available diagnostic tests and the difficulty in 

eradicating environmental oocysts, this approach would be difficult. Instead, 

preventing infection from entering the collection is of utmost importance [McArthur 2004]. 
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The significance of parasite infections in practice 

 

The host-parasite relationship is often balanced in the wild without any obvious 

clinical effects on the host. However, in captivity reptiles are under stress and may not 

be immunocompetent if husbandry is inappropriate. In this situation, parasites can 

multiply rapidly, especially those which do not require an intermediate host [Schneller 

2008]. 

 

Unfortunately there is a lack of data regarding the prevalence of all these parasites in 

captive populations. The only published data in the UK are two from studies. One is a 

review of clinical and pathological findings in seventy tortoises, which identified 

nematodes in 30% of tortoises [Holt 1979] . These were all identified as ascarids, with a 

concomitant oxyurid infection in only 5% and Balantidium in 4%. The other is a 

necropsy survey of a variety of chelonians kept in a zoological collection which 

identified nematode infections in 43.8% cases with a mix of ascarids and oxyurids 

found, but there appeared little evidence of associated pathologic changes [Keymer 1978]. 

More recently however, some authors have described that < 75% of chelonian patients 

passed oxyurid eggs in their faecal samples [McArthur 2004]. Epidemiological surveys 

carried out in other countries including Italy, Germany and Slovenia have also shown 

a high prevalence of gastrointestinal parasites in tortoises, specifically oxyurids, but 

the relevance of these studies to the situation in the UK is currently unknown [Traversa 

2005, Pasmans 2008, Papini 2011, Rataj 2011].  

 

Routine faecal screening is often advised as part of a preventative health program for 

captive tortoises [Pasmans 2008], but the finding of gastrointestinal parasites on these 

faecals from an otherwise healthy tortoise can therefore be a conundrum for the 

veterinary surgeon.  Without knowledge of the normal parasite burden for a species, it 

can be difficult to determine what level of parasites may be a problem for an 

individual tortoise. The decision on whether treatment is necessary is therefore 

normally based on individual opinion.  

 

 

The factors affecting parasite burden have also not been investigated, although one of 

the Italian studies implies that age and husbandry setup may play a role in influencing 
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prevalence of parasites [Traversa 2005]. More information about factors affecting parasite 

burdens would be useful in helping to advise clients on prevention of parasite 

problems. 

 

The aims of this study were therefore: ` 

 To investigate the prevalence of gastrointestinal parasites (specifically 

nematodes) in tortoises in the UK 

 To investigate the factors affecting the prevalence of gastrointestinal 

parasites 

 

The study was limited to Testudo hermanni, graeca, horsfieldii and Stigmochelys 

pardalis (syn. Geochelone pardalis), as these are some of the more common species 

kept in captivity in the UK. 
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Figures 2-4: Different appearances of oxyurid ova from Testudo spp. 
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Figure 5: Ascarid from Testudo spp 

 

 
 

 

Figure 6: Cryptosporidium from a Testudo spp. 
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Materials and Methods 

 

Tortoise owners throughout the UK were invited to submit samples of their tortoise’s 

faeces which were analyzed free of charge from March – September 2010. Tortoise 

owners were contacted by advertising the project through tortoise/reptile 

interest/owner groups, in addition to contacting vets through veterinary publications. 

Owners were asked to collect a fresh faecal sample from their tortoise and send it via 

first class post immediately during Monday -Thursday, so that all samples could be 

analysed within 24 hours of being voided. On arrival samples were placed in the 

fridge (4°C) and given a unique reference number. 

 

All faecal samples were examined on the day of receipt. This consisted of a 

macroscopic examination, a direct wet preparation [Cooper 2009] and a flotation (using a 

saturated NaCl solution). A modified McMaster technique was also performed in 

order to provide a quantitative assessment of worm egg count [Zajac 2006]. Finally, a 

faecal smear was stained for identification of Cryptosporidium (using Pro-Lab 

Diagnostics Cryptosporidium Staining Kit ®) (see Appendix 2 for protocol). 

Nematodes were classified as oxyurids, ascarids or strongylids based on 

morphological descriptions of ova [Thapar 1925, Jacobson 2007, Greiner 2006]. Protozoa were 

classified as Balantidium, Nyctotherus, flagellates, coccidia, or Cryptosporidium, also 

based on morphological descriptions [Barnard 1994], but grouped together (with the 

exception of Cryptosporidium) for later statistical analysis. A sample was defined as 

positive for a specific parasite, if it  tested positive using any  one of the diagnostic 

methods, although the efficacy of the diagnostic methods were later compared. 

  

In return for providing this free service, owners were asked to send back a completed 

questionnaire (see Figure 7). This could be either printed from a website and 

submitted by post, or filled in and submitted online. The questionnaire covered details 

of their tortoise’s signalment and husbandry (e.g. substrate, indoor/outdoor enclosure, 

individual/group housing). These questionnaires were assigned the same reference 

number as their associated faecal sample, but data from these was not analyzed until 

the end of the study. 
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Data from the questionnaires was analysed using Minitab® (Minitab Inc, 

Pennsylvania) and R version 2.12.1 (The R Foundation for Statistical Computing). 

p<0.05 was taken to indicate statistical significance.  χ
2
 tests, Kruskal-Wallis tests and 

standard logistic regression with odds ratios (OR) and 95% confidence intervals were 

calculated to evaluate the potential risk factors for the different parasites. 

Multivariable univariate analyses were then performed, where significant risk factors 

were evaluated using multiple logistic regression. 
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Figure 17: Questionnaire detailing tortoise signalment and husbandry 

 

 

 Faecal Parasite Survey of pet tortoises in the UK 

 

 

The survey includes a questionnaire to look at the relationship between how tortoises 

are kept and their numbers of internal parasites. This survey is open to all tortoise 

owners in the UK. Owners are asked to collect a fresh faecal (poo) sample from their 

tortoises and send it to us on the same day. This sample will be examined free-of-

charge if the questionnaire below is fully completed. Samples must be sent by first 

class post Monday to Thursday. Please see the separate instructions on how to 

package your samples. Only certain species of tortoises (see Q2) are being considered 

for this survey. These animals must have had no health concerns in the past year. 

Questions 

Q1. Where do you live? – County and postcode (e.g. EH9) 

 

Q2. What is the species of your tortoise? 

a) Hermann’s (Testudo hermanni) 

b) Spur-Thighed (Testudo graeca) 

c) Horsfield (Testudo horsfieldii) 

d) Leopard (Stigmochelys pardalis) 

e) Other – sorry, faecal samples from other species will not be accepted for this 

survey 

 

Q3. How old is your tortoise?  

 

Q4. What sex is your tortoise?  

a) Male 

b) Female 

c) Don’t know 

 

Q5. Where did you get your tortoise from? 

a) Pet shop 

b) Breeder 

c) Rescued 

d) Home-bred 

e) Other – please specify 

 

Q6. How long have you had your tortoise? 

 

Q7. Does this tortoise mix with any other tortoises? 

a) Yes – please list number and species of other tortoises 

b) No 

 

Q8. Do you own any other reptiles? 

a) Yes – please list number and species 
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b) No 

 

Q9. In what kind of environment do you keep your tortoise?  

If more than one, please tick all below that are relevant, but indicate in which set-

up your tortoise spends most time (if this varies seasonally, please describe) 

a) Garden (free-range) 

b) Garden (penned area) 

c) Vivarium 

d) Open-top pen inside 

e) Free-range in house 

 

Q10. On what substrate (bedding) do you keep your tortoise? 

If more than one please tick all below that are relevant, but indicate which 

substrate is used most 

a) Newspaper 

b) Sand 

c) Soil 

d) Shavings 

e) Woodchip 

f) Hemp 

g) Other – please specify 

 

Q11. Has your tortoise had any previous parasites/worms of which you are aware? 

a) Yes – please give details  

b) No 

 

Q12. Has your tortoise had any previous worming treatment? 

a) Yes – please give as much detail as you remember (e.g. date of last worming, 

drug given, frequency, used to treat infestation or as prevention) 

b) No 

 

Q13. Has your tortoise had any other previous medical problems? 

a) Yes – please give details  

b) No 

 

Q14. Do you hibernate your tortoise? 

a) Yes – if so, when does hibernation start and end? (e.g. Oct-Feb) 

b) No 

 

Q15. Are you a member of a tortoise charity? 

a) Yes (please specify which one(s)) 

b) No 

 

Please continue on an extra sheet if required. Please send your samples along with the 

completed questionnaires to:- 

Exotic Animal and Wildlife Service, Hospital for Small Animals, Easter Bush 

Veterinary Centre, Roslin, Midlothian EH25 9RG.  
 In order for us to contact you with results of our investigation please supply your 

email address. Please write clearly and legibly.  

Thank you for your time in answering these questions.  
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Results  

 

A total of 243 samples were returned with completed questionnaires from various 

locations around the UK (see Figure 8). Of these, only 146 samples met the 

requirements of the survey (with the other samples being >24 hr old, from unhealthy 

tortoises or from group situations). These consisted of samples from 63 Testudo 

hermanni, 55 T. graeca, 24 T. horsfieldii, and 4 Stigmochelys pardalis (see Appendix 

3 for further details). Due to the low numbers of samples from S. pardalis, it was 

decided to exclude these 4 samples from further results and statistical analysis. 

 

Figure 8: Map to show distribution of samples received from around the UK 

 

 

69/142 (48.6%) samples were positive for parasite ova or protozoa. No adult parasites 

were identified. Of the positive samples, 46/142 were positive for oxyurids, 19/142 

were positive for ascarids, 19/142 were positive for protozoa excluding 

Cryptosporidium and 1/113 was positive for Cryptosporidium (see Figure 9). 
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Cryptosporidium testing was not able to be completed in all cases due to insufficient 

quantity of some of the samples. 

Figure 9: Venn diagram to show parasites identified (excluding 

Cryptosporidium), n = 69 positive samples 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

The McMaster technique revealed eggs per gram (epg) values ranging from 50 to 

44650 for oxyurids (see Figure 10) with a median of 2075 epg. In contrast for 

ascarids, values ranged from 50 to 4100 (see Figure 11), with a median of 325 epg. 

 

Figure 10: Histogram to show the quantity of oxyurids found in tortoise faecal 

samples 
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Figure 11: Histogram to show the quantity of ascarids found in tortoise faecal 

samples 

 

 

 

 

 

 

 

 

 

 

 

Univariate analyses 

 

A statistically significant association was found between the presence of parasites 

and sex of tortoise (χ
 2

1=4.63, p=0.03), with the odds of being positive for 

parasites if female more than that if male (OR 2.2 (1.1-4.4)) (see Table 1). A 

statistically significant association was also found between the presence of 

parasites and length of time the tortoise had been owned (χ
2

1=5.15, p=0.02), with 

the odds of being positive for parasites in tortoises owned >5 years less than for 

those owned shorter periods (OR 0.46 (0.24-0.91)). However most tortoises which 

had been owned for shorter periods were the younger tortoises (see Figure 12). 

Tortoises which had been owned for a longer length of time were also more likely 

to have been treated for parasites (see Figure 13). 
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Figure 12 – Scatter plot to show relationship between age and length of time the 

tortoise was owned 
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Figure 13 – Chart to show relationship between length of time owned and 

previous parasite treatment 
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There were no statistically significant associations between presence of parasites 

and species, age, origin of tortoise, presence of other tortoises, presence of other 

reptiles, environment, substrate, previous parasites, previous treatment, previous 

medical problems, whether the tortoise had been hibernated or not, or whether the 

owner belonged to a tortoise charity (p>0.06). 

 

When looking more specifically at the presence of oxyurids, a statistically 

significant association was found between the presence of parasites and species of 

tortoise (χ
2

2=11.9, p=0.003) with the odds of being positive for oxyurids if T. 

hermanni or T. horsfieldii more than if T. graeca, (OR 3.36 (1.4-8.06)) and (OR 

5.11 (1.75-14.94)) respectively.  A statistically significant association was also 

found between the presence of oxyurids, age (more prevalent in younger 

tortoises), origin of tortoise, length of time tortoise had been owned, previous 

parasite problems, previous parasite treatment and whether the tortoise has been 

hibernated or not (χ
2
<24.1, p<0.03) (see Table 2). Tortoises which had had 

previous parasite treatment were more likely to have had previous parasite 

treatment (see Figure 14). 

 

There were no statistically significant associations between the presence of 

oxyurids and sex, presence of other tortoises, presence of other reptiles, 

environment, substrate, previous medical problems, or whether the owner 

belonged to a tortoise charity (p>0.051). 

 

Figure 14 – Chart to show relationship between history of parasites and history 

of parasite treatment 
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In contrast to oxyurids, for ascarids there was a statistically significant association 

between the presence of parasites and the age group of tortoise (χ
2

4=14.0, 

p=0.003) with the odds of being positive for ascarids less if <5 years old, 

compared to older tortoises (OR 0.21 (0.06-0.79)) (see Table 2). A statistically 

significant association was also found between presence of ascarids, length of time 

the tortoise had been owned, and whether a tortoise was kept outside or inside 

(χ
2
<6.24, p<0.01).   

 

There were no statistically significant associations between presence of ascarids 

and species, sex, origin, presence of other tortoises, presence of other reptiles, 

substrate, previous parasites, previous worming, previous medical problems, or 

whether the owner belonged to a tortoise charity (p>0.13). 

 

For protozoa there was a statistically significant association between the 

prevalence of parasites and whether the tortoise is kept alone or not (χ
2

1=4.81, 

p=0.03) with the odds of being positive for protozoa if kept with others, more than 

if kept alone (OR 3.14 (1.06-9.25)) (see Table 2). A statistically significant 

association was also found between presence of protozoa and whether the tortoise 

was kept on soil or not (χ
2

1=5.67, p=0.02), with the odds of being positive for 

protozoa if kept on soil more than if kept on alternative substrates (OR 3.94 (1.29-

12.02)).  

 

There were no statistically significant associations between presence of protozoa 

and species, age, sex, origin, time in owner’s possession, presence of other 

tortoises, presence of other reptiles, environment, substrate, previous parasites, 

previous worming, previous medical problems, whether the tortoise had been 

hibernated or not, or whether the owner belonged to a tortoise charity (p>0.054). 
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Table 1: Univariate logistic regression analyses of association of putative risk 

factors and parasites (all oxyurids, ascarids and protozoa). In all cases, the 

number positive, the prevalence (95% confidence intervals), the associated χ
2 

(subscript = degrees of freedom) and p-values, along with the Odds ratio (95% 

confidence intervals) compared to a reference level are given 

 

  Total 
With any 

parasites 
% 

χ2 and p 

value 
Odds Ratio 

Number of samples 142 69 48.6(40.1-57.1)     

Species           

Testudo hermanni 63 33 52.4(39.4-65.1) χ2
2=1.68 - 

Testudo graeca 55 23 41.8(28.6-55.9) p= 0.43 0.65(0.32-1.35) 

Testudo horsfieldii 24 13 54.2(32.8-74.4)   1.07(0.42-2.76) 

Age           

<2 yrs 10 3 30(6.7-65.2) χ2
4=7.56 - 

2-5yrs 28 18 64.3(44.1-81.4) p=0.11 4.2(0.88-19.9) 

5-10yrs 26 16 61.5(40.6-79.8)   3.73(0.78-17.9) 

10-50yrs 46 19 41.3(27.0-56.8)   1.64(0.38-7.17) 

50+yrs 29 12 41.4(23.5-61.1)   1.65(0.35-7.69) 

Sex           

Male 61 24 39.3(27.1-52.7) χ2
1=4.63 - 

Female 65 38 58.5(45.6-70.6) p=0.03 2.17(1.06-4.42) 

Origin           

Pet shop 51 25 49.0(34.8-63.4) χ2
2=0.83 - 

Breeders and homebred 23 13 56.5(34.5-76.8) p=0.66 1.35(0.5-3.64) 

Rehomed 68 31 45.6(33.5-58.1)   0.87(0.42-1.8) 

BIOP           

<5yrs 66 39 59.1(46.3-71.0) χ2
1=5.15   

>5yrs 75 30 40.0(28.9-52.0) p=0.02 0.46(0.24-0.91) 

Other tortoises           

Yes 72 35 48.6(36.7-60.7) χ2
1<0.001 - 

No 70 34 48.6(36.4-60.8) p=0.996 1.00(0.52-1.93) 

Other reptiles           

Yes 34 17 50(32.4-67.6) χ2
1=0.04 - 

No 108 52 48.1(38.4-58.0) p=0.85 1.08(0.5-2.33) 

Environment           

Garden (free range) 22 
25 47.2(33.3-61.4) 

χ2
1=0.06 

- 
Garden (pen) 31 p=0.80 

Vivarium                               6 
16 44.4(27.9-61.9) 

  
1.12(0.48-2.61) 

Inside pen                         25   
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House (free range) 5   

Substrate           

Newspaper 45 19 42.2(27.7-57.8) χ2
1=3.15 - 

Not newspaper 55 33 60.0(45.9-73.0) p=0.08 0.49(0.22-1.08) 

Previous parasites           

Yes 30 10 33.3(17.3-52.8) χ2
1=3.61 - 

No 112 59 52.7(43.0-62.2) p=0.06 0.45(0.19-1.05) 

Previous parasite treatment           

Yes 48 18 37.5(24.0-52.6) χ2
1=3.61 - 

No 92 50 54.3(43.6-64.8) p=0.06 0.5(0.25-1.03) 

Previous medical problems           

Yes 32 14 43.8(26.4-62.3) χ2
1=0.39 - 

No 110 32 29.1(20.8-38.5) p=0.53 0.78(0.35-1.72) 

Hibernated           

Yes 91 40 44.0(33.6-54.8) χ2
1=2.18 - 

No 51 29 56.9(42.2-70.7) p=0.14 0.59(0.3-1.19) 
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Table 2: Univariate logistic regression analyses of association of putative risk factors and parasites (all oxyurids, ascarids and protozoa). 

In all cases, the number positive, the prevalence (95% confidence intervals), the associated χ
2 

(subscript = degrees of freedom), and p-

values, along with the Odds ratio (95% confidence intervals) compared to a reference level are given 

 

  Total 
With 

oxyurids 
% 

χ2 and p 

value 
Odds Ratio 

With 

ascarids 
% 

χ2 and p 

value 
Odds Ratio 

With 

protozoa 
% 

χ2 and 

p value 
Odds Ratio 

Number of samples 142 46 32.4(24.8-40.8)     19 13.4(8.3-20.1)     19 13.4(8.3-20.1)     

Species                           

Testudo hermanni 63 25 39.7(27.6-52.8) χ2
2=11.9 - 6 9.5(3.6-19.6) χ2

2=3.30 - 10 15.9(7.9-27.3) χ2
2=0.94 - 

Testudo graeca 55 9 16.4(7.8-28.8) p= 0.003 0.3(0.12-0.71) 11 20.0(10.4-33.0) p= 0.19 2.37(0.81-6.92) 7 12.7(5.3-24.5) p= 0.63 0.77(0.27-2.19) 

Testudo horsfieldii 24 12 50.0(29.1-70.9)   1.52(0.59-3.91) 2 8.3(1.0-27.0)   0.86(0.16-4.61) 2 8.3(1.0-27.0)   0.48(0.1-2.38) 

Age                           

<2 yrs 10 
20 52.6(35.8-69.0) 

χ2
3=24.1 

- 0 0 
χ2

3=14.0 

0.21(0.06-0.79) 
4 10.5(2.94-24.8) 

χ2
3=4.39 

- 
2-5yrs 28 p<0.001 p=0.003 p=0.22 

5-10yrs 26 14 53.8(33.4-73.4)   1.05(0.39-2.85) 4 15.4(4.4-34.9)   4 15.4(4.4-34.9)   1.55(0.35-6.83) 

10-50yrs 46 7 15.2(6.3-28.9)   0.16(0.06-0.45) 8 17.4(7.8-31.4)   0.66(0.21, 2.07) 7 15.2(6.3-28.9)   1.53(0.41-5.66) 

50+yrs 29 4 13.8(3.9-31.7)   0.14(0.04-0.49) 7 24.1(10.3-43.5)     3 10.3(2.2-27.4)   0.98(0.2-4.77) 

Sex                           

Male 61 15 24.6(14.5-37.3) χ2
1=2.26 - 9 14.8(7.0-26.2) χ2

1=0.01 - 5 8.2(2.7-18.1) χ2
1=3.70 - 

Female 65 24 36.9(25.3-49.8) p=0.13 1.8(0.83-3.88) 10 15.4(7.6-26.5) p=0.92 1.05(0.4-2.79) 13 20.0(11.1-31.8) p=0.054 2.8(0.93-8.4) 

Origin                           

Pet shop 51 20 39.2(25.8-53.9) χ2
2=12.7 - 8 15.7(7.0-28.6) χ2

2=2.44 - 4 7.8(2.2-18.9) χ2
2=3.78 - 

Breeders/homebred 23 13 56.5(34.5-76.8) p=0.002 2.01(0.74-5.47) 1 4.3(0.1-21.9) p=0.30 0.24(0.03-2.08) 2 8.7(1.1-28.0) p=0.15 1.12(0.19-6.59) 

Rehomed 68 13 19.1(10.6-30.5)   0.37(0.16-0.84) 10 14.7(7.3-25.4)   0.93(0.34-2.54) 13 19.1(10.6-30.5)   2.78(0.85-9.1) 

BIOP                           

<5yrs 66 31 47.0(34.6-59.6) χ2
1=11.8   4 6.1(1.7-14.8) χ2

1=6.24 - 12 18.2(9.8-29.6) χ2
1=2.37 - 

>5yrs 75 15 20.0(11.6-30.8) p=0.001 0.28(0.13-0.59) 15 20.0(11.6-30.8) p=0.01 3.87(1.22-12.34) 7 9.3(3.8-18.3) p=0.12 0.46(0.17-1.26) 
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Other tortoises                           

Yes 72 21 29.2(19.0-41.1) χ2
1=0.70 - 9 12.5(5.9-22.4) χ2

1=0.098 - 14 19.4(11.1-30.5) χ2
1=4.81 - 

No 70 25 35.7(24.6-48.1) p=0.40 0.74(0.37-1.5) 10 14.3(7.1-24.7) p=0.76 0.86(0.33-2.26) 5 7.1(2.4-15.9) p=0.03 3.14(1.06-9.25) 

Other reptiles                           

Yes 34 11 32.4(17.4-50.5) χ2
1<0.001 - 3 8.9(1.9-23.7) χ2

1=0.87 - 3 8.8(1.9-23.7) χ2
1=0.87 - 

No 108 35 32.4(23.7-42.1) p=0.995 0.997(0.44-2.27) 16 14.9(8.7-22.9) p=0.35 0.56(0.15-2.04) 16 14.8(8.7-22.9) p=0.35 0.56(0.15-2.04) 

Environment                           

Garden (free range) 22 
9 17.0(8.1-29.8) 

χ2
1=3.13 

- 11 20.8(10.8-34.1) 
χ2

1=4.44 
- 9 17.0(8.1-29.8) 

χ2
1=0.16 

- 
Garden (pen) 31 p=0.08 p=0.046 p=0.69 

Vivarium                               6 

12 33.3(18.6-51.0) 

  

0.41(0.15-1.11) 2 5.6(0.68-18.7) 

  

4.45(0.92-21.47) 5 13.9(4.7-29.5) 

  

1.27(0.39-4.15) Inside pen                         25       

House (free range) 5       

Substrate                           

Soil 25 5 20.0(6.8-40.7) χ2
1=1.97 - 4 16.0(4.5-36.1) χ2

1<0.001 - 8 32.0(14.9-53.5) χ2
1=5.67 - 

Not soil 75 26 34.7(24.0-46.5) p=0.16 0.47(0.16-1.4) 12 16.0(8.6-26.3) p=1.00   8 10.7(4.7-20.0) p=0.02 3.94(1.29-12.02) 

Previous parasites                           

Yes 30 5 16.7(5.6-34.7) χ2
1=4.70 - 4 13.3(3.7-30.7) χ2

1<0.001 - 2 6.7(0.8-22.1) χ2
1=1.70 - 

No 112 41 36.6(27.7-46.2) p=0.03 0.35(0.12-0.97) 15 13.4(7.7-21.1) p=0.99 0.99(0.30-3.25) 17 15.2(9.1-23.2) p=0.19 0.4(0.09-1.83) 

Previous parasite 

treatment 
                          

Yes 48 10 20.8(10.5-35.0) χ2
1=5.00 - 5 10.4(3.5-22.7) χ2

1=0.40 - 6 12.5(4.7-25.2) χ2
1=0.07 - 

No 92 36 39.1(29.1-49.9) p=0.03 0.41(0.18-0.92) 13 14.1(7.7-23.0) p=0.53 0.71(0.24-2.11) 13 14.1(7.7-20.8) p=0.79 0.87(0.31-2.45) 

Previous medical problems                         

Yes 32 8 25.0(11.5-43.4) χ2
1=1.07 - 7 21.9(9.3-40.0) χ2

1=2.33 - 2 6.3(0.8-20.8) χ2
1=2.09 - 

No 110 38 34.5(25.7-44.2) p=0.30 0.63(0.26-1.54) 12 10.9(5.8-18.3) p=0.13 2.29(0.82-6.41) 17 15.5(9.2-23.6) p=0.15 0.36(0.08-1.67) 

Hibernated                           

Yes 91 21 23.1(14.9-33.1) χ2
1=9.87 - 15 16.5(9.5-25.7) χ2

1=2.26 - 11 12.1(6.2-20.6) χ21=0.36 - 

No 51 25 49.0(34.8-63.4) p=0.002 0.31(0.15-0.65) 4 7.8(2.2-18.9) p=0.13 2.32(0.73-7.41) 8 15.7(7.0-28.6) p=0.55 0.74(0.28-1.98) 
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Multivariable univariate analyses 

 

 

Multivariable univariate analyses were performed on those univariate variables for 

which p<0.2 (age, sex, length of time owned, substrate, previous parasites, previous 

treatment and whether the tortoise had been hibernated or not). However, only sex of 

tortoise and length of time in owner’s possession remained as significant risk factors 

for overall presence of parasites, (p<0.034) with the odds of being positive for 

parasites in female more than if male (OR 2.21 (1.06-4.63)) and the odds of being 

positive if owned >5 years less than if owned shorter periods (OR 0.36(0.17-0.77)).  

 

In contrast, for oxyuridsonly age of tortoise and previous parasite treatment remained 

as significant risk factors (p<0.049), even when including other risk factors for which 

p<0.2 (species, sex, origin, length of time owned, environment, substrate, previous 

parasites, and whether the tortoise had been hibernated or not). The odds of being 

positive if >10 years were less than if younger (OR 0.14(0.04-0.5)) and the odds of 

being positive if previously treated were less than if not treated (OR 0.41 (0.16-1.02)). 

 

For ascarids, in agreement with the overall presence of parasites, only length of time 

in owner’s possession remained as a significant risk factor, even when including other 

risk factors for which p<0.2 (species, age, environment, previous medical problems, 

and whether the tortoise had been hibernated or not) (see Table 2). 

 

In contrast, when looking more specifically at the presence of protozoa, when 

including other risk factors for which p<0.2 (sex, origin, length of time owned, 

substrate, previous parasites, and previous medical problems), only the presence of 

other tortoises remained as a significant risk factor. (see Table 2). 
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The different diagnostic methods were also assessed for their efficacy of detecting 

parasites. The direct wet preparation detected the most parasites (see Figure 15). 

However, no single diagnostic method detected all positive samples. 

In contrast, when looking more specifically at oxyurids the flotation method 

detected the most parasites (see Figure 16). For ascarids however, the direct wet 

preparation remained the most effective method of detecting parasites (see Figure 

17). For protozoa the direct wet preparation also remained the most effective 

method with no protozoa being detected by the McMaster method (see Figure 18). 

 

There were also differences noted in parasite numbers detected over the course of the 

year with the highest percentage of positive samples being detected in April and May 

(see Figures 19-23). 

 

 

Figure 15: Venn diagram to show parasites identified by different diagnostic 

methods, n =69 positive samples 
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Figure 16: Venn diagram to show oxyurids identified by different diagnostic 

methods, n =46 positive samples 
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Figure 17: Venn diagram to show ascarids identified by different diagnostic 

methods, n =19 positive samples 
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Figure 18: Venn diagram to show protozoa identified by different diagnostic 

methods, n =19 positive samples 
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Figures 19-23: Bar charts to show distribution of parasites detected in each 

month of the study 
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Oxyurids detected over the year
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Ascarids detected over the year
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Protozoa detected over the year
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Discussion  

 

The results of this study show that intestinal parasites are common in pet tortoises 

throughout the UK, with a prevalence of 48.6% in animals without obvious clinical 

problems. Other authors have indicated a higher prevalence (<75%), but it is not 

specified if this includes both healthy and sick animals [McArthur 2004]. Previous surveys 

in the UK both indicated a slightly lower prevalence (30% and 43.8% respectively) 

despite being based on sick animals and including post-mortem data [Holt 1979, Keymer 

1978]. 

 

Of the samples in this study, 32.4% were positive for oxyurids, 13.3% were positive 

for ascarids, and 13.3% were positive for protozoa (Balantidium, Nyctotherus and 

flagellates). No strongylids, trematodes, cestodes or other protozoa were detected. 

This contrasts with the previous UK surveys, one of which identified ascarids in all 

positive samples, with a concomitant oxyurid infection in only 5% and Balantidium in 

4% [Holt 1979]; the other identified ascarids in 18.75% of cases, oxyurids in 16%, and 

protozoa in 22.9% of cases [Keymer 1978]. 

 

Epidemiological surveys carried out on pet tortoises in Italy, Germany, and Slovenia 

revealed a varying prevalence of parasites ranging from 43.1 to 81.8%. and, in 

agreement with the present study, all found that oxyurids are the most common 

parasite encountered in chelonians [Papini 2011, Pasmans 2008, Traversa 2005, Rataj 2011].  

 

Risk factors for parasitism 

 

This study suggests that female tortoises overall are at higher risk of being positive for 

parasites than male tortoises. When looking more specifically at the presence of each 

individual parasite, more parasites are also seen in females, but the association is not 

statistically significant, probably due to the limited sample size. If female tortoises are 

at higher risk of being positive for parasites, there may be various reasons for this. A 

previous survey on tortoise gastrointestinal parasites found no sex differences in 

parasite distribution [Traversa 2005]. However, parasitology studies in other species often 

show differences between the sexes [Zuk 1996]. Most commonly in mammals and birds, 

male animals appear to have a higher parasite burden (proposed to be due to the 
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immunosuppressive effects of testosterone) but there is less evidence in reptiles [Poulin 

1996, Salvador 1995].Female animals may, however, be at increased risk at times when their 

oestrogen and progesterone levels are increased as both of these hormones may have 

immunosuppressive effects. Female animals may also display different behaviours to 

males including different patterns in feeding and time spent basking which may 

influence susceptibility to parasite infection [Klein 2004]. 

 

The study also suggests that tortoises which had been owned a short time (<5 yrs), are 

at higher risk of parasite infection than those owned for longer periods. However, 

most tortoises which had been owned for shorter periods were younger tortoises (see 

Figure 12). Tortoises which had been owned for a longer length of time were also 

more likely to have been treated for parasites (see Figure 13), and either or both of 

these factors could explain the decreased prevalence of parasites in those owned for 

longer periods.  

 

Risk factors for oxyurids 

 

When looking more specifically at the prevalence of oxyurids, the study suggests 

various risk factors, the most important being age and previous parasite treatment. 

 

The results suggest that younger tortoises (<10 years old) are at higher risk of oxyurid 

infection than older tortoises. Only one sample in this study, however, originated from 

a tortoise < 1 year old and this was negative. Age as a predisposing factor for parasite 

infections is not a novel theory in parasitology and has been described in various other 

species including dogs and horses [Visco 1977, Bucknell 1995]. A previous survey identified 

no nematodes in tortoises < 1 year old, while identifying nematodes in 100% tortoises 

> 1 year, but these groups were kept separately which may have influenced infection. 

The same survey however, identified higher egg counts in tortoises aged 1-5 years 

than in those > 5 years [Traversa 2005]. It was suggested that younger tortoises (1-5 years) 

therefore harbour more fecund species of gastrointestinal parasites and also that they 

are more likely to practice coprophagy, so increasing the chances of infection or 

reinfection. 
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In painted turtles it has even been suggested that parasite adaptability decreases as age 

of parasite increases. Therefore, the chance of a parasite surviving hibernation reduces 

each year, explaining reduced nematode burdens in older turtles. Alternatively 

changes in feeding habits of the host after sexual maturity were also suggested to play 

a role [Esch 1967]. 

 

The finding that previous parasite treatment reduces the risk of oxyurid infection is 

not surprising, as the vast majority of parasite treatments (except for one with 

levamisole, and one with a pyrantel and febantel combination) were with 

fenbendazole, which has been proven to reduce or eliminate nematodes in tortoises 

[Giannetto 2007]. 

 

Other risk factors which appeared to have a statistically significant association with 

parasite burden on univariate analyses included species, origin of tortoise, length of 

time owned, history of previous parasites, previous parasite treatment, and whether 

hibernation had occurred. 

 

Species of tortoise has not been previously proved to be a risk factor with a previous 

survey showing parasites evenly distributed between Testudo species [Traversa 2005]. In 

contrast, another survey in Slovenia revealed a higher incidence of oxyurids in T. 

hermanni [Rataj 2011]. In this study, T. hermanni and T. horsfieldi tortoises were at 

significantly higher risk of oxyurids than T. graeca. This could be due to differences 

in feeding behaviour, time spent basking or increased species susceptibility for other 

unknown reasons. 

 

Origin of tortoise also appeared to be a significant risk factor. Tortoises from pet 

shops, breeders and home bred were at higher risk of oxyurid infection than tortoises 

which had been re-homed. This could be due to space limitations and higher stocking 

densities in pet shops or breeding set facilities, allowing parasite burdens to build up 

in the environment. However, age was again a confounding factor as the majority of 

the rehomed tortoises were older individuals who may have been less likely to have 

parasites anyway.  
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A history of previous parasite problems also appeared to be a significant risk factor, 

with tortoises which had no previous history of parasites being at higher risk of 

oxyurid infection than those which had previously had parasites detected. However, it 

appears that almost all tortoises which had previously had parasites detected had been 

treated with anthelmintics (see Figure 14), in addition to some tortoises which had 

been treated without any evidence of parasites seen. Therefore parasite treatment is 

likely to have been a confounding factor. 

 

Finally, for oxyurids, whether a tortoise was hibernated or not appeared to be a 

significant risk factor. Tortoises that had not been hibernated were at higher risk of 

oxyurid infection than those that had been hibernated. This is likely to be due to the 

low temperatures to which a tortoise is subjected to over hibernation, reducing 

although not eliminating parasite burdens [Esch 1967]. Again, age was a confounding 

factor, as younger tortoises were less likely to be hibernated than older tortoises. 

 

Risk factors for ascarids 

 

When looking more specifically at the prevalence of ascarids, it was more difficult to 

draw meaningful conclusions from the data due to the small number of positive 

samples. 

 

The most important risk factor appears to be length of time in owner’s possession. In 

contrast with oxyurids, tortoises which have been owned a longer time (>5 yrs), were 

at higher risk of ascarid infection than those owned shorter periods. As previously 

discussed, there appeared a link between length of time in owner’s possession and age 

and consequently older tortoises (>5yrs old) were at higher risk of ascarid infection 

than younger tortoises. This differs to findings in both mammals and previous 

findings in tortoises, where ascarids are more prevalent in younger animals [Visco 1977, 

Bucknell 1995, Traversa 2005]. The exact reason for this is unknown, but it is possible that 

ascarids are more of a historical problem (as reported in surveys 30 years ago) [Holt 

1979, Keymer 1978] and that although older tortoises may still carry them, they are less of a 

problem in younger individuals, which appear more susceptible to oxyurids.  

This hypothesis is supported by the change in legislation of tortoise keeping in 1984 

which banned the import, export and keeping and sale of Mediterranean species 
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except for captive-bred species or exempted animals sold under a licence and resulted 

in a change in the UK tortoise population from wild-caught Testudo graeca to captive 

bred T. hermanni [Pendry 2002], which appear more prone to oxyurids. 

 

The environment in which a tortoise was kept also appeared to be a significant risk 

factor. Tortoises kept mainly outside were at higher risk of ascarid infection than 

those kept inside. The life cycle of tortoise ascarids are not fully understood, but it is 

possible that conditions in the outside environment would favour parasite 

reproduction, and would definitely be more difficult to fully clean resulting in parasite 

accumulation. However, older tortoises (and those which had been in the owner’s 

possession for a longer time) were most commonly kept outside so these could be 

confounding factors. 

 

 

Risk factors for protozoa 

 

When looking more specifically at the prevalence of protozoa, it was more difficult to 

draw meaningful conclusions from the data due to the small number of positive 

samples and the fact that the samples were > 24 hours old, making them suboptimal 

for protozoa detection. 

 

The most important risk factor appears to be the presence of other tortoises. Tortoises 

that are kept with others are at higher risk of protozoal infection than those kept alone.  

Another risk factor which appeared to have a statistically significant association with 

parasite burden on univariate analyses was the substrate used. Tortoises kept on soil 

were at higher risk of protozoal infection than tortoises kept on alternative substrates. 

However, further research would be needed into these areas with specific methods for 

detecting protozoa. 
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Cryptosporidium  

 

Of 113 samples examined, only one faecal sample was found to be positive for 

Cryptosporidium. This was from a 2 year female Testudo hermanni kept in a vivarium 

on newspaper, with one companion tortoise which tested negative. With the 

techniques used in this study, it was not possible to say if this was a mammalian strain 

which had been ingested incidentally or a true reptile pathogen. This study does 

however show clearly that Cryptosporidium oocysts are not seen as a common finding 

in tortoise faecal screens. Therefore if oocysts are found, their origin should be 

investigated further, ideally by molecular typing. This is especially important in view 

of the zoonotic potential of some strains of Cryptosporidium. 

 

Comparing diagnostic tests 

 

The direct wet preparation was found to detect the most parasites in this study, in 

particular for ascarids and protozoa. In contrast, for oxyurids the flotation method 

detected the most parasites. However, no single diagnostic method detected all 

positive samples. Other authors agree that direct wet preparations are best for 

protozoa and flotation methods best for nematode ova [Urqhart 1996, Klingenberg 2000]. 

However, it would be expected that ascarid ova would be detected best by flotation 

methods, being similar in size to oxyurid ova. It is possible that the varying results 

were due to human error (e.g. insufficient sample mixing when making a suspension 

for the McMaster slide or flotation) or a flaw in study design, but further research 

would be necessary to determine the best method for detecting tortoise ascarids. 

 

Seasonal variations in parasitism 

 

There were differences noted in parasite numbers detected over the course of the year 

with the highest percentage of positive samples being detected in April and May. This 

is in agreement with a previous study which describes a rise in parasite numbers after 

hibernation thought to be due to the maturation of hypobiotic larvae and a change in 

climatic conditions [Capelli 1998]. 
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Conclusions 

 

This study demonstrates that gastrointestinal parasites are frequently detected in 

routine faecal screens of captive tortoises in the UK, without any known associated 

health concerns. Oxyurids are the most common parasite (especially in younger T. 

hermanni and T. horsfieldi), with ascarids also being identified (especially in older T. 

graeca kept outside). Ciliates and flagellates may also be present. Female tortoises, 

and those owned for shorter periods have a higher risk of parasitism. Cryptosporidium 

is not a normal finding on a routine faecal screen and should be investigated further if 

present. 
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Appendix 1 

 

EXAMPLES OF REFERENCE PICTURES FOR TORTOISE PARASITES 

 

Figure 1: Angusticaecum holopterum (B) and oxyurids (A) [Traversa 2005] 

 

Figure 2: Chapiniella [Greiner 2006]  

 

Figure 3: Acanthocephalans [Frye 1991] 
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Figure 4: Entamoeba [Greiner 2006] 

 

 

Figure 5: Balantidium [Bosschere 2012] 

 

 

Figure 6: Nyctotherus [Bosschere 2012] 
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Appendix 2 

 

FAECAL PARASITOLOGY PROTOCOLS 

 

Sample must be collected one day, sent appropriately packed first class post (see Post 

Office Regulations) and examined the following day – to be placed in the fridge on 

arrival 

 

DIRECT SMEAR 

1. Mix equal volume faeces with equal volume normal saline (0.85%) on a slide 

2. Mix thoroughly to form homogenous suspension 

3. Remove any large pieces of faecal material 

4. Ensure smear is thin enough to read print through it 

5. Place cover slip 

6. Examine whole slide starting at x10 objective and then at x 40 and record 

parasites seen.  

 

SATURATED SALT FLOTATION (Modified McMaster method and direct 

flotation) 

1. Weigh out 1g faeces  

2. Mix with 14ml saturated sodium chloride solution and pour through a mine 

mesh sieve 

3. Fill up McMasters slide 

4. Leave to stand for 5 minutes 

5. Examine both grids, counting number of worm eggs present at both x10 

objective and if necessary x40 

6. Add the number of eggs in both grids, then x 50 = eggs/gram 

 

If insufficient faeces, use 0.5g with 7ml saturated sodium chloride. If <0.5g, only 

direct flotation should be carried out 

 

7. Mix remainder of faeces through a tea strainer with sufficient sodium chloride 

to fill a test tube 

8. Place cover slip on top 
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9. Leave to stand for 15 minutes 

10. Examine under x10 objective and if necessary x40  

 

CRYPTOSPORIDIUM STAIN (Pro-Lab Diagnostics Guidelines) 

 

1. Prepare smear of material to be examined by emulsifying in saline on a glass 

slide and allow to air dry 

2. Place slide on a staining rack and fix in Cryptosporidium Fixative for 1 

minute. Allow to air dry 

3. Apply Cryptosporidium Stain (ZN Carbol Fuchsin) to the slide and stain for 5 

minutes 

4. Pour off excess stain and wash with Differentiator 1. Rinse slide in water, and 

shake off any excess 

5. Apply Differentiator 2 for 2 minutes or until no more stain washes out of the 

smear 

6. Wash off Differentiator 2 by rinsing in water. Shake off excess water 

7. Apply Cryptosporidium Counterstain (Malachite Green) and stain for 1 minute 

8. Remove excess stain by rinsing slide in water. Shake off excess water 

9. Blot slide gently on clean blotting paper and dry using gentle heat 

10. Examine stained slide under the light microscope using oil immersion 

objective x 100 under oil 
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Appendix 3 

 

QUESTIONNAIRE DATA 

 

Q1. Where do you live? – County and postcode (e.g. EH9) 
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Q2. What is the species of your tortoise?

Hermanns

Spur-Thighed

Horsfield

Leopard

n = 146

 

63 Hermann’s, 55 Spur-Thighed, 24 Horsfield, 4 Leopard 

n= 146 

 

Q3. How old is your tortoise?

< 2 yrs

2-5 yrs

5-10 yrs

10-50 yrs

50+ yrs

n = 143

 

Ages were split into 5 different categories: 

 <2 years 

 2-5 years 

 5-10 years 

 10-50 years 

 50+ years 

 

10 (< 2 yrs), 29 (2-5 yrs), 29 (5-10 yrs), 46 (10-50 yrs), 29 (50+ yrs) 

n = 143 (as 3 owners did not answer this question) 
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Q4. What sex is your tortoise? 

Male

Female

Unknown

n = 146

 

 

63 male, 65 female, 18 unknown 

n = 146 

 

Q5. Where did you get your tortoise from?

Petshop

Breeders

Rehomed

Homebred

n = 146

 

 

54 pet shop, 19 breeders, 69 rehomed, 4 home bred  

n = 146 
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Q6. How long have you had your tortoise?

< 1yr

1-5 yrs

5+ yrs

n = 145

 

 

Time periods that tortoise had BIOP were split into 5 different categories: 

 <1 year 

 1-5 years 

 5+ years 

23 (< 1yr), 45 (1-5 yrs), 77 (5+ yrs) 

n = 145 (as 1 owner did not answer the question) 

 

Q7. Does this tortoise mix with any other 

tortoises?

Kept with other tortoises

Kept alone

n = 146

 

 

71 mix with other tortoises, 75 are kept alone 

n = 146 
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Q8. Do you own any other reptiles?

Other reptiles owned

No other reptiles owned

n = 146

 

 

34 have other reptiles, 112 have no other reptiles  

n = 146 

 

Q9. In what kind of environment does your 

tortoise spend most time? 

Garden (free-range)

Garden (penned)

Vivarium

Open-top pen inside

Free range in house

n = 89

 

 

22 garden (free-range), 31 garden (penned), 6 vivarium, 25 open-top pen inside, 5 free 

range in house 

n = 89 (as 57 owners did not answer the question) 
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Q10. On what substrate (bedding) do you mostly 

keep your tortoise?

Newspaper

Sand

Soil

Shavings

Woodchip

Hemp

Other

n = 101

 

 

45 newspaper, 1 sand, 26 soil, 0 shavings, 10 woodchip, 3 hemp,16 other 

n = 101 (as 45 owners did not answer the question) 

 

Q11. Has your tortoise had any previous 

parasites/worms of which you are aware?

Previous parasites

No previous parasites

n = 146

 

 

31 had previous parasites, 115 had no previous parasites (to the owner’s knowledge) 

n = 146 
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Q12. Has your tortoise had any previous worming 

treatment?

Previous parasite

treatment

No previous parasite

treatment

n = 144

 

 

49 had previous parasite treatment, 95 had no previous parasite treatment  

n = 144 (2 owners did not answer this question) 

 

Q13. Has your tortoise had any other previous 

medical problems?

Previous medical

problems

No previous medical

problems

n = 146

 

 

32 had previous problems, 114 had no previous problems 

n = 146 
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Q14. Do you hibernate your tortoise?

Previously hibernated

Never hibernated

n = 146

 

 

91 hibernate, 55 do not hibernate 

n = 146 

 

Q15. Are you a member of a tortoise charity?

Charity member

Not charity member

n = 146

 

 

81 are not tortoise charity members, 65 are tortoise charity members 

n = 146 

 

 

 

 

 

 


